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Exercise 1: Ecological Relationships of Animals

Exercise 1A: A Study of Population Growth, with Application of the Scientific Method

Materials

For each group of four students:


5 half-pint, wide-mouth mason jars


5 screw-on rings


5 pieces of aluminum window screen, cut to fit snugly into the rings


5 pieces of paper towel, same size as the screen

Resource, consisting of 5 pounds stoneground whole wheat flour mixed with b pound powdered brewer’s yeast (both available at health food stores). This will supply enough resource for 30 groups of four students each.

Inert filler. Vermiculite works well (available at garden stores). Sawdust seems to inhibit growth. Vermiculite should be screened with window screen or finer mesh to remove large particles.

250 adult beetles. These can be purchased from scientific supply houses, or secured from a culture kept in the laboratory. Fill several quart jars f full with flour/yeast mixture (95:5), add some beetles, cover with screen and paper towel top. As the medium is used up, add more. Every year or so discard half the medium (and included beetles) and replace with fresh medium.

Notes


1.
This is a project exercise requiring most of a term to complete. Because it is an excellent introduction to the scientific method which students are characteristically introduced to at the beginning of a zoology or biology course, we suggest setting aside part of the first laboratory period to get it underway. Only about an hour is required for each student group to separate the beetles into jars, but students will need more reading time to understand the background to the exercise and to be properly acquainted with the methodology. Consequently, it is best to require the students to have read the exercise before coming to the laboratory. A promise of a quick quiz at the beginning of the laboratory period over the scientific method and the procedures is usually sufficient to ensure compliance.


2.
This lab is a good place to discuss basic population biology and/or show a film on population biology.


3.
One way to help separate flour from beetles is to fashion a top by putting three pieces of screen (and no paper towel) in one screw-on ring, screw it onto the jar, then gently shake out the flour. The screens must be closely opposed to prevent beetles slipping through. The adults, pupae, and larger larvae will be caught on the three layers of screen and remain in the jar (a few may escape through the screening, so students should watch for this during the separation). At the end of the experiment, you may want to combine and save all beetles and flour to add to your culture for next term.


4.
The report. This project is a good subject for a scientific paper of approximately 3 to 5 pages in length. Assign it to be written using the standard format of scientific articles: introduction, materials and methods, results, discussion, and literature cited. You may want to provide a handout that fully describes what is expected. Encourage the students to look at their data in original ways. Also encourage the students to explore the literature. You may wish to place the article by Peters and Barbosa (1977) on reserve at the library.

5.
Some tips. There are several ways to simplify this laboratory. One is to count only adults. Another is to use only three jars per group, either containing 3, 10, and 50 g of resource with filler, or the same without filler.

Exercise 1B: Ecology of 
a Freshwater Habitat

Materials

Essential collecting equipment is given in the exercise.


However, consult the Appendix in E. B. Klots’ field book for collecting methods and suggestions for useful collecting and sorting equipment, much of it homemade (Klots, E. B. 1966. The new field book of freshwater life. New York, G. P. Putnam & Sons).

Notes


1.
This exercise and the dichotomous key were designed to be used anywhere in North America, although obviously local available pond and stream conditions will influence the biotic composition. Species diversity will be restricted in temporary ponds, or in ponds subject to pollution, agricultural runoff, stream flow-through, or use by farm animals. Even a small pond can support a rich fauna and flora if it is permanent and protected from these disturbances. Indeed, to show students how persistent and intrusive life is, you might consider sampling diversity in a drainage ditch, marshy meadow, swamp, or small prairie slough.


2.
Complete the identifications immediately after collection if at all possible. If time constraints forbid this, place the material in a small amount of water in a refrigerator for work-up within the next day or two or, if the exercise cannot be completed until the following week, preserve everything in 70% alcohol.
Exercise 2: Introduction 
to Animal Classification

Materials

Animal specimens representing several phyla and classes. Suitable reference texts or field guides.

Notes


1.
Selection of specimens. Select specimens to represent a wide range of animal taxa. Although students will recognize by common name many of the specimens easily available to you, they usually will not be able to classify them correctly without the aid of the key. Specimens that will provide some challenge to students are hydroids (slide mounted), sea pansy or sea whip, ctenophore, freshwater turbellarians (slide), tapeworm, liver fluke, Ascaris, spiny-headed worm (acanthocephalan), brachiopod, sea cucumber, chiton, marine segmented worm such as Arenicola or Aphrodite, chaetognath, horseshoe crab, spider, tunicate, and amphioxus. Less challenging, perhaps, but still providing keying experience, are a variety of vertebrates, insects, sponge, octopus, bivalve, snail, sea star or brittle star, earthworm, and marine crab or freshwater crayfish. All of these are available as preserved material from biological supply houses.


If insects are used with the key in Chapter 15, select relatively robust preserved specimens that can withstand handling. Suggestions are silverfish, cockroach, cricket, grasshopper, dobsonfly, mayfly, dragonfly, stonefly, giant water bug, leafhopper, tiger beetle, caddisfly, moth or butterfly, horse fly, bumble bee or honey bee, termite. Preserved specimens of all these may be obtained from biological supply houses. The suggestions above represent 14 different orders, quite enough for the class. The key is more comprehensive than this, permitting certain other orders to be included if desired. Slides are also available of whole mounts of fleas, body lice, and representatives of other insect orders not included in the suggestions above.


2.
Organization. A workable system is to place 
several specimens of each species in a separate tray or container, marked with a letter of the alphabet, on a service table. Students return the specimens to the tray or container after 
identification.


3.
The report. The written report requires the student to verify the identification of each insect order by consulting a reference such as an insect field guide or other reference. This exercise acquaints the 
student with the reference, introduces him or her 
to the variety of forms within a taxon, and 
emphasizes the importance of confirming a tentative identification.

4.
Alternatives. Neil Glickstein suggests that students should be introduced to the dichotomous key by having them collect organisms from a pond, draw the organisms observed, then group the organisms according to common characteristics. The method is detailed in The American Biology Teacher, “Introducing dichotomous keys and taxonomy” 49(8):438–439 (Nov./Dec. 1987). Glickstein suggests that once this exercise is completed, students are ready to “inspect a real dichotomous key.” The procedure has its merits but would involve a greater time investment than most of us can devote to a single exercise.


Using playing cards to demonstrate the elements of classification is suggested by K. D. Vogt, 1995, “Demonstrating biological classification using a simulation of natural taxa,” Amer. Biol. Teacher 57(5):282–283.
Exercise 3: The Microscope

Exercise 3A: Compound Light Microscope

Materials

Compound microscopes

Microscope lamps

Blank slides and coverslips

Prepared slides


Typewritten letters (e, a, h, or k)


Colored threads

Salt or sugar crystals

Distilled water

Materials suitable for wet mounts

Pipette

Gum arabic solution

Pond water

Notes


1.
Koehler illumination. Students find it easier to learn to focus properly than to adjust the illumination properly. To avoid problems later, we spend a few minutes talking the students through the procedure, which is described very briefly on page 4 in the manual. Correct adjustment of the illumination system is commonly referred to as Koehler (or Köhler) illumination. Here in more detail are the steps involved:

a.
Focus on a specimen (preferably a stained section) with low power.

b.
It is best to first center the condenser. Most condensers have little adjustment screws used for centering, and students sometimes fiddle with these, not knowing what they are for. To center the condenser, move the condenser with its focus knob up toward the top of its range. Close down the iris diaphragm, then move the condenser up and down until a sharp image of the diaphragm is seen. Center the circle of light using the condenser centering screws.

c.
Once the condenser is centered, open the iris diaphragm until the dark edges are just outside the field of view, that is, the entire field of view should be filled with light.

d.
Remove the ocular (or one of the oculars if using a binocular microscope) and look into the tube. Adjust the iris diaphragm so that the circle of light covers i to f of the illuminated area on the objective lens.

e.
Replace the eyepiece. Once the students have done this, they are able to correctly adjust the illumination in just a few seconds. This adjustment procedure should be repeated when the student switches to high power, but with a bit of practice, students learn how to use the iris diaphragm effectively without having to remove the ocular each time they switch objectives. Students should be advised not to change the condenser position to get more or less contrast. Lowering the condenser tends to reduce resolution. They should be encouraged instead to use the diaphragm to readjust illumination.


2.
Techniques for wet mounts of living specimens. In addition to the temporary wet mount described in the exercises for this section, there are a number of very useful techniques for maintaining live microscopic forms on slides that you might wish to demonstrate to the class. Some of these can be used to keep protozoans or other microscopic forms alive on a slide for hours or even for days if kept in a cool place.

a.
Vaseline Ring. Using a hypodermic syringe filled with melted or softened petroleum jelly, make a ring on a slide, add the desired culture material, and cover with a coverslip. The depth of the ring may vary to accommodate different-sized forms or amounts of fluid.

b.
Sealed Coverslip. Place a drop of the culture on a microscope slide in the usual way, apply a coverslip, and then use fingernail polish, melted petroleum jelly, or ordinary 3-in-1 machine oil to seal the edges of the coverslip. If algae are present in the culture, they will provide oxygen for the animal life.

c.
Hanging Drop. Place a drop of the culture on a coverslip; then invert the slip over a deep-well depression slide, forming a hanging drop. By sealing the coverslip with nail polish, melted petroleum jelly, or oil, you can retard evaporation. Air in the depression cavity supplies oxygen for the animals in the hanging drop.

d.
Double Drop. A method of keeping protozoans and the like for some time and at the same time quieting them enough for study under an oil immersion objective is as follows. Place a small drop of culture on a slide, avoiding the presence of sand grains or large pieces of detritus that would raise the coverslip. Then on a coverslip, place an equal-sized drop of 1% solution of agar (liquefied in a water bath at about 40° C). Invert the drop, exactly centered, over the culture drop. As the two drops merge, the jelly sets and forms many tiny water spaces in which the animals become confined. Organisms can live one-half to several hours on such a slide. For marine forms, use seawater to make up the agar solution; for parasitic forms, use a 0.7% sodium chloride solution.

e.
Holding Small Invertebrates for Observation. Use a small piece of plastic wrap as a coverslip over a drop of liquid on a slide. This holds the organisms quiet, retards evaporation, and allows the organisms to be returned unharmed. Larger forms may be mounted between two pieces of the wrap and then placed on a slide. The preparation can then be turned over and viewed on both sides.

f.
Demoslides. Connecticut Valley Biological offers “demoslides” which can be used to culture protozoans and watch the progress of the culture in a thinly compressed observation chamber at the end of a larger growth chamber without transferring the organisms to a separate slide.


3.
Some points on use and limitations of light microscopy. An article in American Scientist explains the many new ways the light microscope is being used in biological research (Taylor, D. L., et al., 1992).

Exercise 3B: Stereoscopic Dissecting Microscope

Materials

Binocular dissecting microscopes

Microscope lamps

Prepared slides of fluke, tapeworm, or other whole mount

Crayfish gills, pieces of preserved sea star test, and 
so on

Finger bowls or watch glasses or both

Notes


1.
How to hold an unmounted specimen for stereomicroscopic study in any desired 
position. Place the specimen in a small culture dish or Stender dish on clean washed sand (preferably rounded rather than sharp grains) and add just enough alcohol to cover it. Push the specimen into the sand just enough to hold it in the desired position for study. Plasticene (modeling clay) can be substituted for sand in a pinch but it is not as good. If the specimen is to be secured more or less permanently in one position, heat wax in a dissecting dish and press the animal’s appendages gently into it so that the animal is held firmly when the wax cools.

Exercise 4: Protozoan Groups

Exercise 4A: Subphylum Sarcodina—Amoeba and Others

Materials

Amoeba culture

Other sarcodine cultures as available

Slides, ringed or plain

Coverslips

Petrolatum

Thread

10% nigrosine (for demonstration #3)

Radiolarian shells, preserved or on permanent slides

Prepared slides


Amoeba


Entamoeba


Other sarcodines as available

Microscopes

Notes


1.
Finding ameba in the culture. Ameba will be found on the bottom of the shipping container, or petri dish into which they are poured for the laboratory. Advise students not to agitate the container by squirting the unused contents of a pipette back into the culture. It helps to pour off most of the culture water before the lab, leaving only a few millimeters in the container.


2.
Subculturing ameba. Ameba are rather easily 
subcultured. Several methods are described in Needham (1959), all using some variation of the classical hay or rice infusion. The following method has worked for us. Water quality is critical; spring or pond water is best, collected in clean 1-gallon milk containers. Pond water should be sterilized by boiling or, preferably, by passing through a 0.2 mm millipore filter (to remove bacteria which will contaminate the culture). Dechlorinated tap water is often satisfactory but may contain copper ions from the plumbing. To about 200 ml of suitable water in a 4d-inch stacking culture dish, add 3 kernels of boiled wheat. Inoculate the cultures with a ciliate food source (e.g., Colpidium) and add the amebas. Every 2 weeks replace part of the water and, if bacterial growth is not too heavy, add another grain of boiled wheat. Keep in diffused light and moderate temperature (20–22° C).


An even simpler method that works for some is to place 4 or 5 grains of unboiled polished rice in a finger bowl containing pond water. Inoculate with 50 to 100 ameba, cover to prevent evaporation and dust entry, and leave in cool place away from bright light. Add additional rice only when none of the original is left and add water to compensate for evaporation. Such unceremonious preparations usually work very well, its advocates claim. Worth a try?

To see what the Society of Protozoologists is recommending for culture establishment, see 
pp. 2–3 in Lee, J. J., et al. (1985, reference on website).


3.
Nigrosin vital stain, 10%, is a good relief stain against a background of which ameboid movement and contractile vacuole activity show up well.


4.
Entamoeba histolytica when viewed at high power (3430) with student microscopes is too small to reveal much detail, but the exercise is useful to give the students an impression of the small size of E. histolytica as compared with free-living ameba, and shows them what one is looking for in diagnosing amebic dysentery. We always provide a demonstration scope showing E. histolytica under oil immersion; at this magnification most of the organelles shown in Figure 6-3 are discernible.


5.
Demonstration #1 can be accomplished only with student microscopes that can be tilted to the horizontal. Most newer microscopes with inclined heads have nontilting stages.

Exercise 4B: Subphylum Mastigophora—Euglena, 
Volvox, and Trypanosoma
Materials

Euglena culture

Volvox culture

Stained slides of Euglena, Volvox, and Trypanosoma

Other flagellate cultures or slides as available

Methylcellulose, polyvinyl alcohol, Protoslo, or Detain

Methyl violet or Noland’s stain

Microscopes

Slides and coverslips

Notes


1.
Euglena gracilis and Euglena viridis, the two most commonly supplied of more than 100 species of the genus Euglena distributed in organically rich freshwater ponds and ditches, differ in several ways. Euglena gracilis, which is 35 to 
65 mm in length, has 6 to 12 shield-shaped chloroplasts, each bearing a prominent central pyrenoid region (containing enzymes that catalyze the conversion of photosynthetically produced glucose into starch and paramylon). The pyrenoid of each chloroplast is covered with a watch-glass-shaped complex of starch grains and paramylon bodies (paramylon, also spelled paramylum, is an unbranched nutrient polysaccharide related to starch, but the glucose molecules are b-linked rather than a-linked as they are in starch). In the slightly larger E. viridis (40 to 80 mm in length), the chloroplasts form ribbons that radiate from a single, large, central pyrenoid body. E. gracilis is a more rapid, smoother swimmer with pronounced euglenoid movement when swimming stops; swimming and euglenoid movements of E. viridis are more jerky than those of E. gracilis.


2.
Preparing methylcellulose. 10% methylcellulose for slowing protozoans is prepared by adding 10 g methylcellulose to 50 ml of water. Bring to a boil, cool, and let stand for 30 minutes. Add cold distilled water to make 100 ml.


Sodium carboxymethylcellulose (2%) is an alternative medium for slowing protozoa. Bring 100 ml distilled water to a boil and then add slowly 2 g sodium carboxymethylcellulose.


Suitable methylcellulose products are available from Carolina Biological Supply Co. (“Protoslo” BA-88-5141), Ward’s (“Detain” 37W7950), and Connecticut Valley (10% methylcellulose). With any of these, make a small ring the size of a dime on a slide and add a drop of culture to the center of the ring and cover.

3.
Preparing Noland’s stain for flagella and cilia. Moisten 20 mg of gentian violet with 1 ml distilled water; add 80 ml of a saturated solution of phenol in water; then add 20 ml of formalin (40% formaldehyde); and finally, add 4 ml glycerin. Mix these constituents together and add a drop of the solution to the drop of culture to be examined.

4.
How to concentrate Euglena. Euglena may be concentrated in a culture by shining a bright light through a narrow slit in a piece of cardboard placed against the shaded culture container. After a few minutes the positively phototropic Euglena will be concentrated in a narrow band at the container’s edge where they can be removed easily with a pipette. (Do not use too bright a light; Euglena become negatively phototactic in intense light.)


5.
Volvox globator, the species usually offered by supply houses, is found in nitrogen-rich freshwater habitats. Most colonies range from 350 to 500 mm in diameter and contain from 5000 to 15,000 cells. This species is monoecious, so both microgametes and macrogametes are formed by the same colony, as described in the manual. V. aureus, sometimes supplied commercially for laboratory use, has both dioecious and monoecious varieties. The somewhat smaller V. tertius, a dioecious species used in experimental work, is not ordinarily supplied commercially for use in teaching laboratories.


Remind students to look for Volvox colonies in the bottom of the container—they are easily seen—rather than aimlessly pipetting just from the culture container.


6.
Avoiding cross-contamination of cultures. If several different protozoan species are used in the same laboratory over a period of several days, be careful to use separate pipettes for each to avoid cross-contamination of cultures. Euglena especially will quickly build up populations in other cultures if accidentally introduced.

Exercise 4C: Phylum Apicomplexa, Class Sporozoea—Gregarina and Plasmodium
Materials

Mealworms (Tenebrio larvae)


or

Cockroaches (Periplaneta, Blatta)

Watch glasses

Invertebrate Ringer’s solution, or 0.65% saline solution

Stained slides of gregarines

Stained human blood smears containing Plasmodium stages

Slides and coverslips

Teasing needles

Pipettes

Microscopes

Notes


1.
Preparing insect saline. Insect physiological saline, especially balanced for cockroaches, is prepared by dissolving 10.9 g NaCl, 1.6 g KCl, 0.8 g CaCl2, and 0.17 g MgCl2 in 1 liter distilled water.


2.
Prepared slides of gregarines and Plasmodium. If living material for the study of gregarines is not available, prepared slides may be obtained from some biological supply houses (see Appendix B for suppliers of prepared microslides).


Prepared slides of Plasmodium are also available from biological supply houses. The students may be provided with a blood smear containing various red blood cells’ stages (trophozoite and merozoites) for study; other stages, such as sporozoites, gametocytes, and a cross section of the mosquito gut showing oocysts, can be placed on display with accompanying explanatory legends. Mounted slides of male and female Anopheles mosquitos are also available as a demonstration.


Figure 6-14 in the manual illustrates Plasmodium falciparum, considered the most virulent of the Plasmodium species in humans. The ring stage is smaller than in either P. malariae or P. vivax and the crescent shape of the gametocytes is distinctive for P. falciparum. If species other than P. falciparum or P. vivax are placed on display, you may want to provide color plates of the red cell stages (found in most parasitology texts, such as Roberts and Janovy, 1996, Foundations of Parasitology) so that the students can see the species differences. Excellent color plates of these and other Plasmodium species are also found in Coatney, G. R., et al. (1971) (see references on our website).


3.
Demonstration of living Monocystis. Monocystis lumbrici is a gregarine that can be quite easily demonstrated by removing the seminal vesicles from live earthworms and examining portions teased in 0.65% saline solution. If 
trophozoites are present, note their feeble movements. Stained slides of sections or smears of earthworm seminal vesicles showing developmental stages of Monocystis are available from dealers of microslides (see Appendix B). Roberts and Janovy (1996) describe the life cycle in text and artwork.


4.
Demonstration of coccidia slides. Eimeria causes coccidiosis, an important cause of death in domestic rabbits and chickens. A demonstration of the parasite can be arranged using stained slides of Eimeria stiedae from infected rabbit bile ducts or E. tenella from infected chicken intestine, available from biological supply houses.


On a stained slide of infected rabbit bile duct, the developing trophozoites appear as spherical bodies, large and small, embedded in the outer ends of the columnar cells that line the ducts. You may find some of them undergoing multiple fission. The largest stages are the male gametocytes, in which large numbers of microgametes develop. The female gametocytes are somewhat smaller and have a nucleus and darkly staining granules around the periphery. The female gametocyte encysts (oocyst) and becomes fertilized. The encysted zygote escapes into the lumen of the bile duct and is shed with the feces. You may find a number of oocysts lying free in the lumen of the duct.

Exercise 4D: Phylum Ciliophora—Paramecium and Other Ciliates

Materials

Stained slides of paramecia—normal, undergoing binary fission, and in conjugation

Paramecia cultures

Vorticella, Stentor, Spirostomum, or other ciliate cultures

Protoslo or 10% methylcellulose

Congo red–yeast mixture or Congo red–milk mixture

Acidified methyl green

0.25% NaCl solution

Dilute picric acid

Weak acetic acid

Salt crystals

Cotton

Toothpicks or pins

Slides and coverslips

Microscopes

Notes

 
1.
Preparing Congo red–stained yeast. Boil some dry yeast in a small amount of water in test tube, then cool. Add a 1% solution of Congo red and allow it to diffuse into the yeast for a few minutes. Then decant most of the dye solution to concentrate the yeast cells.

 
2.
Preparing acidified methyl green. Combine 1 g methyl green, 100 ml distilled water, and 1 ml 
glacial acetic acid.

 
3.
Slowing paramecia for study. In our experience, students have better luck using cotton fibers than methylcellulose (Protoslo) to slow movement. Some of the paramecia will become trapped beneath or between the fibers, where they can be observed. This is especially important for the study of contractile vacuoles and feeding. However, some instructors may elect to have the students make their initial observations on swimming behavior using Protoslo.

 
4.
Watching feeding in paramecia. Paramecia when offered yeast will eat rapidly and soon become sated. To watch actual feeding, encourage the students to begin their observations as soon as possible (preferably within a few seconds) after adding the Congo red–stained yeast.


Congo red turns blue in an acid environment. Food vacuoles become acidic by fusion with acidosomes as digestion progresses, but seeing this happen by watching for a color change (which is subtle at best) may require more time and patience than most students are willing to invest.


Be certain to emphasize to students the importance of using a very small amount of Congo red–stained yeast when examining feeding in Paramecium.

 
5.
Mating reaction and conjugation. Many ciliates have been found to have mating types within each species or variety. Members of one mating type will mate with members of another mating type but not with their own type. Pure lines of mating types of paramecia, together with instructions for mating them, can be obtained from biological supply houses (e.g., Carolina 13-1540 Paramecium multimicronucleatum, 13-1546 P. aurelia, 13-1554 P. caudatum, Ward’s 87-W-1310 P. caudatum, 
87-W-1305 P. bursana, 87-W-1300 P. aurelia). These cultures should be used within 24 hours of delivery.

 
6.
How to concentrate protozoa. Select a large-mouthed jar provided with a two-hole stopper or with a lid in which holes have been cut. Into one hole of the stopper insert the stem of a small funnel in an inverted position with its broad end covered by fine-meshed monofilament nylon netting (available as “laboratory sifters” or bolting cloth from biological supply houses, for example, Carolina cat. # BA-65-2222N 10 mm mesh, BA-65-2222R 37 mm mesh). Into the other hole of the stopper insert a larger funnel in an upright position. Put the stopper snugly in place in the jar and pour the culture water into the upright large funnel. As the jar fills, the water will filter out through the small funnel, and the organisms will be retained by the bolting cloth. An indefinite quantity of water may be run through this mechanism. The device may be used in the field to transport concentrated protozoans to the lab. If the water being filtered contains algae or scum, it may be necessary to strain this out by tying a piece of cheesecloth over the entrance funnel.

 
7.
How to obtain abundant dividing stages of Paramecium. During fission most paramecia 
tend to settle toward the bottom of the culture. 
Put a concentrated culture of Paramecium in a large funnel or other vessel provided with a stopcock at its lower end (e.g., separatory funnel). After being provided with suitable food, three or more generations are produced each day. By opening the stopcock at intervals and drawing off a few milliliters of culture, you can obtain large numbers of fission stages.


Early stages appear to be spindle shaped. The whole process of dividing usually requires about 25 minutes.


8.
Culturing paramecia and mixed protozoa. Fill a finger bowl two-thirds full of distilled water and add 4 kernels of boiled wheat or rice and 15 or 20 pieces of boiled timothy hay, 1 or 2 cm long. Inoculate immediately. If bacterial film forms over water surface, break it up. Allow plenty of diffused light.


Several approaches to culturing paramecia and other ciliates are detailed in the compendium edited by J. G. Needham (1937).


The “demoslide” tubes supplied by Connecticut Valley Biological (cat. # LW2250) are excellent for holding and viewing paramecium cultures (or cultures of any other protozoan).

9.
Project experiments with Stentor and Dileptus. Numerous ideas for research projects, mostly simple in nature, are detailed in the book by Goldstein and Metzner (1971). They are, as the authors proclaim in the foreword, “intended for the science-minded student in need of a project, for the amateur biologist with a home laboratory, [or] for someone who is just getting the feel of biological research. . . .” Some of these suggestions could easily be assigned as extra-credit projects.

1
0.
Identifying species complexes of 
Paramecium. Paramecium caudatum and 
P. multimicronucleatum, both commonly supplied by biological supply houses, are difficult to distinguish, and often confused by suppliers. A reliable, diagnostic micronuclear staining procedure is described by Cole, T. A., R. Sehra, and W. H. Johnson, 1992, “Species identity of commercial stocks of Paramecium in the U.S.” Amer. Biol. Teacher 54(5):299–302.

Exercise 5: The Sponges

Exercise 5A: Class Calcarea—Sycon
Materials

Preserved or living Sycon (5 Scypha, Grantia)

Examples of asconoid and leuconoid sponges

Prepared slides


Sycon, transverse sections


Leucosolenia, transverse sections

Spicule stew

Single-edged razor blade

Chlorine bleach (sodium hypochlorite)

Microslides

Coverslips

Watch glasses

Hand lenses or dissecting microscopes

Compound microscopes

Exercise 6: The Radiate Animals

Exercise 6A: Class Hydrozoa—
Hydra, Obelia, Gonionemus
Materials

Living material


Hydras


Artemia larvae, Daphnia, or enchytreid worms


Marine hydroids, if available

Preserved material


Obelia


Gonionemus

Prepared slides


Stained hydras


Budding hydras


Male and female hydras


Cross sections of hydras


Obelia colonies


Obelia medusae

Clean microscope slides

Coarse thread

Watch glasses and depression slides

1024 reduced glutathione

Bouin’s fluid

Compound microscopes

Dissecting microscopes or hand lenses

Coverslips

Notes


1.
Geographic distribution of hydra. Pennak (1989) lists 16 species of hydra in North America, all but five of which are of local or scattered distribution (so far as is known). In addition to the three species mentioned in the manual, Pennak lists two other broadly distributed species: Hydra oligactis, widely distributed in the northern states from Montana east to the Atlantic; and Hydra carnea, distributed from the East Coast as far west as Nebraska. Both of these species doubtless have similar east-west distributions in southern Canada.


Hydra littoralis differs ecologically from H. carnea in preferring swift waters or wave-swept shores; H. carnea is found in standing waters.


2.
Green vs. brown hydra for class use. The green hydra, Chlorohydra viridissima, appear green because their cells are packed with the symbiotic green algae of the genus Chlorella. A single hydra may harbor 150,000 algal cells contained within vacuoles of the hydra’s cells. The algae provide the hydra with photosynthetic products such as maltose, which the hydra rapidly converts to glucose for its own metabolic needs. The algae also supply oxygen, a by-product of their photosynthesis. In return, the hydra provides the algae with amino acids and nucleotides which the algae use for protein and nucleic acid synthesis. Green and brown hydra share the same habitat and normally multiply at similar rates. If food is scarce, however, green hydra have the advantage.


Green hydra make an interesting demonstration for the class. Brown hydra, however, are larger and more suitable for class study of movement and feeding behavior.


3.
Reduced glutathione is available from suppliers of biochemicals. 1024 glutathione is approximately 0.03 g/liter.


4.
Symbionts of hydra. Kerona and Trichodina are two of the more common symbionts of hydra. Kerona looks much like paramecium but is much shorter and has frontal cirri curving along the anterior edge of the oral groove. Trichodina looks entirely different: a squat ciliate with an aboral holdfast disc bearing hooks.


5.
Living Obelia colonies on seaweed fronds may be purchased from suppliers of marine material (e.g., Marine Biological Laboratory, Woods Hole, MA; Pacific Bio-Marine; see Appendix B for addresses).


In our experience, the polyps of living Obelia are rapidly cropped by several predators, especially small nudibranchs, on the seaweed. If not examined within two or three days after collection, one may find little left but the hydrocaulus. Numerous other marine forms are present on the colonies (polychaetes, microcrustaceans, ectoprocts, etc.) which will be of great interest to students. Often the Obelia colonies are covered with diatoms.


Other colonial hydroids (e.g., Eudendrium, Pennaria, Tubularia, Bougainvilla) are available as living material from marine suppliers. Of these, we have found Tubularia especially suitable for classroom work. Tubularia crocea, known as the pink-hearted hydroid, is common on wharves, pilings, and bridges on both the Atlantic and Pacific Coasts. This species is mentioned briefly in the delightful book by Richard Headstrom (1984), along with comments on many other tubularian species. It is described in detail by T. H. Waterman (1950).


6.
Raising brine shrimp. Brine shrimp (Artemia) are excellent for demonstrating feeding behavior in hydra. Brine shrimp eggs can be obtained from any biological supply company and hatched in a day or two. They are widely used as food for aquarium animals. Use a shallow rectangular pan or tray of glass, plastic, or enamel (not metal). Cut a divider of glass, Plexiglas, or wood that will extend across the width of the pan, fitting snugly against the sides of the pan but lacking d to 1 inch of reaching the bottom. Fill the pan three-quarters full of saltwater (natural or artificial seawater, or simply a tablespoon of sodium chloride into a quart of tap water). The divider should extend above the surface of the water.

Add about b to d teaspoon of dry eggs to the water in one side of the pan; they will float on top of the water and be confined to that side of the pan. Place an opaque cover over the pan except for 1 inch or so at the end farthest from the eggs. The hatched nauplii will be attracted 
to the light, swim under the divider, and cluster at the open end, where they are easily siphoned or drawn off into a brine shrimp net or finger bowl. At 23.8° to 26° C (75° to 80° F) they will hatch in 24 to 48 hours. Two or three trays started daily on a rotating basis will keep a constant supply available for daily feeding.


If the larvae are to be fed to freshwater forms, they should be rinsed well first.


If the larvae are to be held alive for a period, they should be removed to another container of saltwater where they are not crowded and are fed small amounts of yeast suspension or green one-celled algae daily. The water should be changed often to prevent fouling. Although aeration is not essential, it is helpful in keeping successful cultures.


Additional information on rearing Artemia will be found in the classic compendium edited by J. G. Needham (1937).


7.
Preparing Bouin’s fixative. Combine 75 ml saturated aqueous picric acid (about 1 g will dissolve), 25 ml of formalin (40% formaldehyde), and 5 ml of glacial acetic acid. Add the acetic acid just before use. After fixation of tissues, wash in ethyl alcohol, 45%, or stronger until the yellow color is removed.


8.
Demonstrating freshwater jellyfish. Freshwater jellyfish (Craspedacusta sowerbyi) are found occasionally in various parts of the United States, especially in the east. They are small but make an interesting demonstration. The life cycle includes polyps and medusae; the polyp is a small (2 mm) nontentacled simple tube present in colonies. The medusa (15 to 20 mm in diameter) is provided with more than 200 marginal tentacles lacking adhesive discs. The life cycle and stages of this species are described by Pennak (1989), who includes a drawing of the medusa.

9.
Experiments with hydra. How to raise hydra and carry out simple experiments with them is explained in Section 4 of the book by Goldstein and Metzner (1971).

Exercise 6B: Class Scyphozoa—Aurelia, a “True” Jellyfish

Materials

Preserved Aurelia

Living jellyfish, if available

Hand lenses or dissecting microscopes

Finger bowls

Ladle

Notes


1.
Obtaining living scyphozoans. These are most readily obtained from suppliers of marine materials during the spring and summer months; few are available during the fall and winter when most zoology courses are offered.


The scyphistoma of Aurelia, however, can be obtained from the Marine Biological Laboratory (Woods Hole, see Appendix B for address) October through April. These are relatively hardy and can be maintained in cooled seawater aquaria and even in aerated culture dishes. They are fed ground shrimp or particles of meat. The Gulf Specimen Company offers Chrysaora (stinging nettle jellyfish), and other species may be available upon inquiry. Additional references are provided in Brown, J. G. (ed.), 1937, Culture Methods for Invertebrate Animals, Comstock Publishing Company, see p. 143.


2.
The “upside-down jellyfish.” Cassiopeia (order Rhizostomeae) is common in the shallow waters around Florida. They usually can be obtained from Florida marine supply houses and can be kept for several days or weeks in a marine aquarium. This interesting jellyfish has eight thick gelatinous oral lobes that are fused in such a manner as to obliterate the central mouth and form numerous canals with small openings in the oral lobes. The oral lobes also bear many small tentacles with nematocysts. There are 16 rhopalia, but no tentacles around the scalloped margin.


Although Cassiopeia can swim by rhythmic pulsations of the bell, it spends much of its time lying oral side up on the bottom of lagoons and tidal pools, anchored by a suckerlike action of its aboral surface (hence the name “upside-down 
jellyfish”). Here, as it pulsates, it draws water over its oral lobes, bringing in food and oxygen. Small organisms are paralyzed by nematocysts, entangled by mucus, and swept into the canals by flagellar action.


Cassiopeia can be cultured in marine tanks of artificial seawater. The scyphistomae reproduce readily by two asexual methods, one by budding off young medusae, the other by budding off small planuloid larvae that detach and swim about and finally settle down and develop into scyphistomae.

Exercise 6C: Class Anthozoa—Metridium, a Sea Anemone, and Astrangia, a Stony Coral

Materials

Metridium, preserved

Living sea anemones and corals, if available

Finger bowls and/or dissecting pans

Dried corals

Astrangia, preserved

Notes


1.
Sea anemone behavior. We find that 4 to 5 sea anemones will serve a class of 20 students. Allow 45 minutes for the behavioral study. We place the sea anemones at least a day before the laboratory in clear refrigerator boxes if the anemones are large, or in finger bowls if they are small. These are kept submerged in the marine aquarium until the laboratory period, when they are lifted out and gently placed on the lab benches at the beginning of the period. Students are warned not to touch the anemones until they begin the behavioral study, since once an anemone strongly contracts from clumsy handling it may not relax for a long time.


Touching the anemone with saliva on a coverslip may cause it to contract, so that should be done only near the end of the exercise.


Nematocysts discharged on a coverslip can be observed more easily if a drop of methylene blue or acid fuchsin is added.


The demonstration with acontia and nematocyst discharge is dramatic and is worth the exercise of itself. It may be done as a demonstration with a single anemone if living material is in short supply. Prodding the anemone strongly to stimulate acontia discharge will not injure the animal, but it will remain strongly contracted for some time thereafter. The acontia are equipped with cilia, which cause the acontia to move slowly in snakelike fashion on the slide.


Nematocysts of Metridium senile acontia are grainlike capsules, measuring 6 3 1022 mm in length, and about 5 3 1023 mm in width. They are visible at low power but must be viewed at high power to see the discharged threads.

Exercise 7: The 
Acoelomate Animals

Exercise 7A: Class Turbellaria—
The Planarians

Materials

Live planarians

Prepared slides


Planaria, stained whole mounts


Bdelloura, stained whole mounts


Planaria, cross sections

Powdered carmine or talc

Black paper Snap-cap vials


Camel-hair brushes


Small mirrors

Small flashlights (pocket size) or narrow-beam 

electric lamp

Modeling clay

Petri dishes

Spring, pond, or well water or dechlorinated tap 

water (not distilled water or demineralized water)

Raw liver (or cut-up mealworms)

Ice cubes

Watch glasses or depression slides

Dissecting microscopes or hand lenses

Notes


1.
Sources of planaria for class study. Biological supply houses such as Carolina, Ward’s, and Connecticut Valley offer “brown planaria” (Dugesia trigrina), probably the best species for routine class study as well as the regeneration experiment. Most supply houses additionally offer “black planaria” (usually Phagocata gracilis) and semitransparent “white planaria” (usually Procotyla fluviatilis), which have highly visible digestive tracts.


Planarians may be kept for some days in the plastic shipping containers if the water is changed daily and the inside surfaces of the containers are wiped clean of accumulated slime.


2.
Collecting and keeping planarians. Planarians also may be collected on pieces of raw beef tied to stones or plants near the water’s edge and can be kept in the laboratory if fed once a week on small amounts of fresh beef liver or hard-boiled egg yolk, pieces of earthworm, crushed snails, etc. Remove any uneaten food after an hour or so. The water should be changed frequently to prevent pollution.


3.
Reactions to stimuli. When observing the response to food by smearing a bit of liver on a coverslip inverted over a depression slide, caution the students that the amount of liver must be very small. If more than just a spot of meat is placed on the coverslip, the water will quickly become clouded and permeated with liver particles; with the odor of meat everywhere, the planaria then seem unable to locate the meat.


4.
Suggestions for the planaria regeneration experiment. This may be done as an extra-credit exercise. We recommend using a tissue-covered ice cube over other methods for quieting and extending planaria; cuts can be made with precision under the dissecting microscope and the animals are not harmed by chilling. 30 ml snap-cap plastic vials make excellent containers and are reusable. Punch a single small hole in the lid to allow air exchange. Alternatively, use the screw-cap specimen jars in which protozoans and other invertebrates are shipped from biological supply houses. Partial longitudinal cuts will almost always tend to grow back together and must be recut 2 or even 3 times during the first 24 hours for success (using a tissue-covered ice cube). Even so, there will be some that will rejoin even after repeated resectioning.


Keep planaria in separate containers after cutting to prevent whole specimens from cannibalizing cut specimens.


Brown planaria (Dugesia tigrina) are best for the regeneration exercise. Fortunately, since students are often forgetful, planarians will live for weeks without much attention.


There are excellent discussions of planaria regeneration in Pearse et al. (1987, pp. 214–221) and in Buchsbaum et al. (1987, pp. 171–179). This material should be made available to students to assist them in their written reports.


Ward’s offers a “Planaria regeneration study kit” with all materials required for the experiment. We have not tried it.


5.
Preparing painted dishes for the nondirectional illumination study.
Exercise 7B: Class Trematoda—
The Digenetic Flukes

Materials

For study of Clonorchis:


Stained slides


Clonorchis


Miracidia


Cercariae

Compound microscopes (dissecting microscopes 
useful for viewing entire whole mount)

For study of Schistosoma:


Prepared slides


Schistosoma mansoni in copula


Schistosoma eggs


Compound microscopes

For observations of living flukes:


Pithed leopard frogs (Rana pipiens)


Live snails (Physa, Certhidea, others)


Dissecting tools


Normal saline solution (0.65%)


Syracuse watch glasses


Microscope slides


Compound and dissecting microscopes

Notes


1.
Prepared microslides: See Appendix B for listing of suppliers. Most suppliers offer whole mounts of Clonorchis and Schistosoma mansoni. Miracidiae, sporocysts (in section of snail tissue), and cercariae are also available and make useful demonstrations to supplement the schistosome exercise.

Exercise 7C: Class Cestoda—
The Tapeworms

Materials

Preserved tapeworms

Prepared slides of tapeworms showing scolex and immature, mature, and gravid proglottids

Microscope

Notes


1.
Choice of tapeworm. This exercise has been written to serve as a guide for either Taenia pisisformis or Dipylidium caninum; which is chosen is a matter of instructor’s preference. If new slides are being purchased (see Appendix B for listing of microslide suppliers), it is prudent to check slide quality carefully before accepting an order; many commercially available tapeworm slides are of poor quality, suffering from a variety of problems: overstaining, understaining, or selection of mature segments that do not clearly reveal the reproductive structures.


2.
Measly meat demonstration. In earlier editions of this manual we suggested studying a piece of “measly” meat infected with tapeworm cysts or bladder worms. However, we have been unable to locate commercial suppliers of measly meat. Nevertheless, measly meat makes a dramatic demonstration and it may be worth the effort to try to obtain a sample of formalin-preserved infected meat through a veterinarian.

Exercise 8: The Pseudocoelomate Animals

Exercise 8A: Phylum Nematoda—Ascaris and Others

Materials

Preserved Ascaris specimens

Prepared slides


Stained Ascaris cross sections


Trichinella cysts in pork muscle


Trichinella, male and female


Necator americanus


Enterobius vermicularis


Turbatrix

Living Turbatrix

Soil samples, if desired

Slides and coverslips

Razor blades

Dissecting pans and pins

Microscopes

Notes


1.
A caution! The eggs of female Ascaris may remain viable for many weeks in formalin-
preserved females. While the chances of infection are remote, students should be cautioned to wash their hands after dissecting the worms.


2.
Tray supports for study of Ascaris. If dissecting microscopes are used for the study of Ascaris, it is awkward for students to balance the dissecting tray on the microscope stage; invariably the trays tip at some point, spilling water on the desk. Furthermore, metal dissecting trays scratch the glass surface of the stage. Tray supports that fit over the microscope stage may be built by cutting pieces of b-inch plywood to the approximate length and width of the dissecting pans. Glue Styrofoam blocks to the ends of the plywood, the blocks sized such that the plywood slightly clears the microscope stage and forms a bridge across the stage. Dissecting trays are then easily shifted around on the support, allowing the student to view any part of the pinned worm.


3.
How to quiet Turbatrix. We find that Turbatrix can be quieted for study most effectively by gently warming the slide over a lamp. Others prefer to add a drop of 1 N HCl to the culture. With this alternative the worms will remain active for several minutes before becoming quiescent. An advantage to this alternative is that students sometimes see the birth of living juvenile worms as the mother slowly succumbs to the acid.


Turbatrix may be weakly stained for study with Nile blue sulfate in 70% alcohol.


Some simple experiments with Turbatrix are suggested by Goldstein and Metzner (1971, 
pp. 161–165).

4.
About Caenorhabditis elegans. In recent years, this free-living nematode has been adopted as a model organism in studies of the molecular and genetic basis of development and differentiation, and other important problems in metazoan biology. Its cell lineage has been completely worked out, its genetics are well understood, and it is easily grown in the laboratory. In the past 25 years there has been an explosion of literature on this animal (and indeed in all aspects of nematology). Unfortunately its very small size makes it unsuitable for student study of the nematode body plan, and it is not stocked by biological supply houses. References are given in the Croll and Matthews monograph (1977).
Exercise 8B: A Brief Look at 
Some Pseudocoelomates

Materials

Living materials


Philodina, or mixed rotifers


Chaetonotus, or mixed gastrotrichs


Gordius, or other nematomorphs, if available

Preserved or plastic-mounted material


“Horsehair worms” (such as Gordius)


Spiny-headed worms (such as Macracanthorhynchus)

Prepared slides of any of the above types

Slides, depression slides, and coverslips

Microscopes

Exercise 9: The Molluscs

Exercise 9A: Class Bivalvia (5 Pelecypoda)—The Freshwater Clam

Materials

Living bivalves in an aquarium

Living or preserved clams for dissection

Clean empty bivalve shells

Dissecting pans

Pasteur pipettes

Glass rod

Carmine suspension

Notes


1.
Living clams are recommended for this 
exercise. They are odorless, the tissues retain their natural color, and the students can make observations on ciliary action and the beating heart. It is best for the instructor to open the clams which, with a bit of practice, can be done rapidly and with minimal damage to internal structures. Heating the clams in warm water (not hot!) causes them to relax and facilitates inserting the knife between the shells. Use a stout, strong-bladed knife that can be forced with safety between the valves, while holding the clam against a firm surface. Scalpels should never be used to open clams.


After opening the living clam, it should be covered with pond water or dechlorinated tap water.


2.
Fine-tipped dissection scissors should be used to open the pericardium and the visceral mass. The student-quality scissors commonly provided in dissection kits are not satisfactory.

Exercise 9B: Class Gastropoda—
The Pulmonate Land Snail

Materials

Living snails (Helix, others)

Preserved or freshly killed snails

Assortment of snail shells

Squares of glass plate

Finger bowls

Dissecting microscopes

Notes


1.
Narcotizing snails. To narcotize or kill pulmonate snails or slugs fully relaxed for study or preservation, seal the specimens for 24 hours in a jar of water, capped so as to exclude all air. Boiling the water beforehand to drive out air will shorten the asphyxiation time. Animals thus treated will be fully relaxed with antennae and foot extended. This procedure, recommended by Knudsen (1966), works much better than others we have tried.

Exercise 9D: Class Cephalopoda—Loligo, the Squid

Materials

Preserved or freshly killed squids

Dissecting instruments

Dissecting pans

Notes


1.
Many instructors will restrict the study of the squid to external structure (pp. 184–186).


2.
Demonstrations appropriate for this exercise include the following:


a.
 Microslides showing spermatophores of Loligo.


b. 
Preserved octopuses and cuttlefish (Sepia).


c. 
Shells of Nautilus.


d. 
Dried cuttlebone of Sepia.


e. Dissection of an injected cephalopod to show the circulatory system.


f. Dissection of a cephalopod brain.


g. Living cephalopod if available.

Exercise 10: The Annelids

Exercise 10A: Class Polychaeta—The Clamworm

Materials

Preserved clamworms (Nereis)

Living nereids and/or other polychaetes as available

Dissecting tools

Dissecting pans

Clean slides

Hand lenses or dissecting microscopes

Compound microscopes

Notes


1.
Preparing specimens of Nereis with the proboscis extended. Nereis will die with the proboscis fully extended if allowed to asphyxiate in a bottle of seawater, capped to exclude all air.


2.
Cross sections of Nereis. Some instructors include in this exercise the study of the cross section of Nereis, using prepared microslides available from biological supply houses. However, with the exception of the presence of parapodia in Nereis, the earthworm cross section (Exercise 10B) reveals the same principal annelid features. The cross section of Nereis is pictured and described on p. 274 in Brown (1950). Pierce and Maugel (1987) provide a photograph and accompanying interpretive drawing (p. 148).

Exercise 10B: Class Oligochaeta—
The Earthworms

Materials

Living earthworms

7% ethanol for anesthetizing living worms for 
dissection (immerse worms in anesthetic 
30 minutes before class use)

Stained cross section of earthworms

Paper toweling

Glass plates

Dissecting microscopes (or hand lenses)

Notes


1.
Earthworm behavior. Worms respond better to a strong light (negative phototaxis) if they are kept in subdued light first.


If a worm is not responding as expected to moisture and light, try covering it with a second paper towel also moistened in the center, so that the worm is gently “sandwiched” between the two towels. It will better sense the difference between moist and dry areas of the towels.


2.
Using living earthworms. This exercise applies to living earthworms but may be easily adapted to preserved worms. However, since living worms are actually cheaper than preserved worms, it makes little sense to use the preserved. Living worms offer several advantages: organs have their natural color and are more easily identified; the circulation is prominent and easily traced; and the gut, especially the gizzard, reveals its natural peristaltic movements.


Take care that worms are fully anesthetized before students begin dissections. Ethanol cannot be added to the saline once the worms are opened because it kills them.


For those who may object to using living animals for dissection, but who want students to see the natural internal pigments of the living animal, living earthworms may be killed by immersion for 30 minutes in 10 to 15% alcohol just before the laboratory.


3.
Saline for dissection. Living earthworms should be covered with near-isotonic saline after they are opened. Frog saline (0.6% NaCl, or 6 g NaCl per liter of solution) almost perfectly matches the osmolarity of earthworm body fluid. Several liters will be needed for a laboratory. We find it convenient to place the saline in a 5-gallon jug provided with a spigot at its base. Elevate the jug and provide a pan beneath the spigot to catch spilled saline.


We use dissecting microscopes for this laboratory. The dissecting pan with the pinned-out and saline-covered earthworm is supported on plywood “bridges” that span the microscope stage.


4.
Freshwater oligochaetes. Several species are available from biological supply houses, or they may be collected from the mud and debris of streams, lakes, and ponds. Chaetogaster lives on small crustaceans, insect larvae, and the like. Aeolosoma uses cilia around the mouth to sweep in food particles. In Stylaria the prostomium is drawn out into a long proboscis. Tubifex is a reddish oligochaete 2 to 3 cm long that builds burrows in the mud, where it lives head down and waves its extended tail back and forth to stir up water currents. It is especially common in sluggish and polluted streams and lakes.


Gaseous exchange in most oligochaetes occurs through the thin body wall, but Dero and Aulophorus have ciliated anal gills. Gilled species lie quietly hidden in the substratum or in a tube with the posterior end projecting into the water.


5.
Slides of earthworm nephridia. Prepared slides of nephridia are available from biological supply houses, but many are poorly prepared and so badly twisted that they are virtually useless for study. Have the students examine a stained nephridium preparation, noting the narrow tubules, the peritubular circulation (usually more deeply stained than the tubule and often fragmented during preparation), the bladder, and the nephrostome.


6.
How to isolate annelid setae. Boil pieces of the worm in 5% potassium hydroxide solution until the tissue has dissolved. Allow the setae to settle, and decant the fluid. Wash by adding water, allow to settle, and then decant; repeat several times. There are several types of setae—capilliform, straight, and curved and those having the ends bifurcated, hooked, pectinate, and the like. The type, number, and location of the setae are frequently of taxonomic significance in the classification of annelids.

Exercise 10C: Class Hirudinea—
The Leech

Materials

Living leeches

Preserved Hirudo

Notes


1.
How to see the nephridiopores. These can be demonstrated by gently squeezing an alcohol-
narcotized (7% ethanol) specimen, causing a little fluid to be exuded from the nephridial bladders.


2.
Medicinal leeches. Medicinal leeches are available from Carolina Biological, from Ward’s (87-W-4725), and from Leeches U.S.A. (300 Shames Drive, Westbury, NY 11590, 1-800-645-3569). These are large specimens, easily maintained in pond or dechlorinated water in large stacking dishes; the dishes must be kept covered since these leeches show a strong propensity to wander. Students find them fascinating. However, one must use caution in allowing these leeches to fasten themselves for any length of time to students’ hands or arms. If hungry (and all that we have received are) they will waste little time in slicing into the skin with their triradiate sawlike chitinous jaws to initiate blood flow. The salivary glands of medicinal leeches contain a complex mixture of anticoagulant (hirudin, an antithrombokinase), an anesthetic (leeching is nearly painless), vasodilators that cause tissues surrounding the wound to swell, and other compounds that liquefy coagulated blood (hence the effectiveness of medicinal leeches in plastic surgery for reestablishing circulation in replanted appendages or skin-flaps that are failing due to blood engorgement).


We have had students willingly “leech” themselves in our laboratory to the utter captivation of all. But this should be approached with caution for two reasons: (1) the Y-shaped wound will continue to bleed for several hours, and (2) there is a marginal danger of infection from the bacterium Aeromonas hydrophilia, which is present in the saliva of leeches (Whitlock et al., 1983). Wound seepage can be stopped easily with a compression bandage which must be kept in position for at least 24 hours. The possibility of wound infection, however, will doubtless dissuade most instructors in our increasing litigious American society from subjecting students to “leeching.” In fact, the chances of infection appear to be remote (see for example Rao et al., 1985).


3.
How to kill relaxed leeches. Leeches may be killed in a relaxed condition for study by leaving them in a 7% ethanol solution.

Experimenting in Zoology: 
Behavior of the Medicinal 
Leech, Hirudo medicinalis
Materials

Medicinal leeches

Stopwatch

Tongue depressor or short wooden dowel

500 ml glass beaker

500 ml plastic beaker or container

Ring stand with clamp

Thermometer

Plastic tub

Pond water, bottled water, or dechlorinated water

Notes


1.
Sources of medicinal leeches. Carolina Biological offers these animals. They also can be obtained from Biopharm Leeches (800-262-2922).


2.
Drawing conclusions from leech behavior. Students should be encouraged to run as many behavioral trials with their leech as time allows. Occasionally, some leeches will not swim the length of the tub and will attach to the side of the tub in the area of their release. Students should not draw conclusions about leech behavior until they have examined data from the entire class. After compiling the data, students could use a chi-square test to see if leeches chose one beaker significantly more than the other.


3.
Keeping medicinal leeches. Medicinal leeches do well in captivity and can live for a long time if they are fed fresh beef liver and supplied with clean water.

Exercise 11: The Chelicerate Arthropods

Exercise 11A: The Chelicerate Arthropods—The Horseshoe 
Crab and Garden Spider

Materials

Living materials, if available


Limulus, in marine aquarium


Spiders, in terrarium

Preserved materials


Limulus


Golden garden spiders

Dissecting microscopes or hand lens

Notes


1.
Time required for exercise. Study of external anatomy of both horseshoe crab and garden spider requires little more than one hour. We combine this exercise with 14 for a 4-hour laboratory period.


2.
Large golden garden spiders, Aurelia aurantia, are available from Connecticut Valley Biological. This is the best source we have found. Those offered as Argiope by Carolina are a different species much less suitable for this exercise.


3.
Suggestions for spider dissection. Some instructors prefer to have students keep the spider covered with water during dissection, but they may be examined in air without damage if glycerol is added to the alcohol preservative (about 5 cc per 100 ml of 70% ethanol) to reduce drying. Deep petri dishes (e.g., 100320 mm) containing a thin layer (about 0.5 cm thick) of dissecting pan wax make excellent containers. The spider can be secured with insect micropins. This exercise is much more successful if the students have good dissecting microscopes (rather than hand lens) and good illumination from a bright focusing spotlight.


Another excellent way to hold spiders in any position for study is to place them in a Syracuse dish containing some washed sand. Cover with alcohol. The spider is held in the desired position by pushing it gently into the sand.

Exercise 12: The Crustacean Arthropods

Exercise 12A: Subphylum Crustacea—The Crayfish (or Lobster) and Other Crustaceans

Materials

Living materials


Crayfish or lobsters


Cultures of developing Artemia in different developmental stages (directions below)


Other crustaceans, such as Eubranchipus, Daphnia, Cyclops, ostracods, barnacles, and crabs, as available

Preserved materials


Crayfish or lobsters (may be injected)


Barnacles, crabs, and the like, as available

Bowls or small aquariums

Dissecting pans

Slides and coverslips

Compound microscopes

Notes


1.
Time required for exercise. Allow 3 hours to complete the entire exercise with additional time as needed for individual oral demonstrations. For shorter laboratory periods, we suggest abridging the study of crayfish appendages.


2.
Mounting appendages. We use 4310 inch pieces cut from white Bristol board. Students glue the appendages to the board in the same order they appear in Figure 12-3, using Elmer’s glue.


3.
Latex injected crayfish. Usually the heart is destroyed in such preparations and perfusion of the arteries with latex is frequently poor. Uninjected specimens should be used to demon-
strate the anatomy of the undamaged crayfish heart.


4.
Raising brine shrimp: See notes for Exercise 6A.

Experimenting in Zoology: The Phototactic Behavior of Daphnia
Materials

Daphnia

Stopwatch

Open-ended glass column (2–3 cm diameter, 
25–30 cm long)

Ring stand and two clamps

Dissecting scope illuminator or other small light

Pipette

Wax pencil

Notes


1.
Sources of Daphnia. Living Daphnia (Carolina BA-14-2314) may be obtained from any biological supply house (see Appendix B for listing). They also can be collected by using a plankton net in shallow ephemeral pools that do not contain fish.


2.
Light source. Dissecting scope illuminators work well because they can be mounted on the ring stand and have a narrow beam. If the illuminator has a switch for variable beam strength, make sure that all students are using the same intensity and that they do not vary it from trial to trial. Other lamps can be used as long as they have a narrow beam that can be directed through the glass toward the rubber stopper.


3.
Drawing conclusions about the data. After the class data have been compiled, a chi-square test can be used on the control and lighted experiments to see if Daphnia are demonstrating phototaxis.

Exercise 13: The Uniramia Arthropods: Myriapods and Insects

Exercise 13A: The Myriapods—Centipedes and Millipedes

Materials

Living materials, if available


Centipedes


Millipedes

Preserved materials


Centipedes, such as Scolopendra or Lithobius


Millipedes, such as Spirobolus or Julus

Small terrariums or jars for living materials

Dissecting pans and instruments

Dissecting microscopes

Notes


1.
Time required for this exercise. An examination of centipede external anatomy requires 25 to 30 minutes. Allow another 15 minutes for both centipede and millipede. This exercise can be combined with either Exercise 13B for a 2-hour laboratory period. 

Exercise 13B: The Insects—The Grasshopper and the Honey bee

Materials

Living grasshoppers, if available

Preserved materials


Grasshoppers, such as Romalea


Apis, workers


Apis, queen, drones, larvae, pupae (for 
demonstration only)

Dissecting microscopes

Notes


1.
Demonstration mounts. Demonstration mounts of insect parts such as legs, wings, antennae, and mouthparts can be prepared very simply. Clean a microslide with acetone, spray on a very thin coat of clear lacquer or varnish from a pressurized can from enough distance to prevent formation of bubbles, orient the parts on the slide while the lacquer is still wet, and label. A coverslip is not necessary. The mount is dry and usable within 30 minutes and can be stored flat in a dust-protected tray for future use.


Slides that show the various types of insect antennae can be purchased or may be prepared by this method.


2.
Demonstrations of adult and immature insects. These may be selected to illustrate the types and growth stages—direct development and gradual and complete metamorphosis.

Exercise 13C: The Insects—
The House Cricket

Materials

Crickets, alcohol preserved

Crickets, living

Dissecting dish with wax base

Insect pins

Fine-tipped scissors

Fine-tipped forceps

Carbon dioxide cylinder and small jars for 
anesthetizing crickets

Ground dog food mixed with carmine and moistened (potato slices sprinkled with carmine make an acceptable substitute)

Plastic squeeze bottles

Methylene blue stain, 0.5% in insect or amphibian saline

Insect saline (7.5 g NaCl/liter) or amphibian saline 
(6.0 g NaCl/liter)

Dissecting microscopes and focused lighting

Notes


1.
Time required for this exercise: About 2 hours with additional time for oral demonstrations. We combine this laboratory with Exercise 13A and most of 13B in one 4-hour laboratory period.


2.
The cricket is an ideal insect for this exercise because of the ease with which it can be cultured and contained, its lack of distastefulness (compared to cockroaches), its relatively large size, and the ease of determining age and sex.


3.
Rearing crickets. The house cricket is omnivorous and is easily reared on chicken starter mash. Crickets can be kept in any container such as a steel or fiberglass rat cage or aquaria. No top is necessary if stainless steel or glass containers are used because the crickets cannot climb the walls, or unless the container is less than 20 cm high. If plywood is used, glue a 2- to 3-cm-wide strip of heavy duty aluminum foil around the inner edge to form an escape-proof barrier. Do not cover the bottom of the container with sand which tends to get wet and moldy. Egg cartons make good hiding places. Water is provided using plastic vials (55–75 ml capacity) with shallow slits cut in the top edge. These are filled with water and inverted over plastic Petri dish bottoms which are then filled with small gravel to keep the crickets from drowning. Temperature should be 27° to 30° C for best growth. More information on rearing methods is found in the paper by Clifford et al. (1977).

4.
Dissecting dishes for this exercise are 20 3 100 mm glass Petri dishes containing about 5 mm of dissecting pan wax.


5.
Reproductive behavior. Two male crickets placed together in a jar usually display and sing competitively. Squeezing a male usually causes extrusion of a spermatophore which, when placed in water, extrudes a stream of sperm that is visible with a microscope. If several pairs are separated in glass jars, a little patience will be rewarded with the female mounting the male, and with the transfer of a spermatophore.

Exercise 13D: Collection and Classification of Insects

Materials

For collecting:


Insect nets (aerial, sweep, and water nets)


Cheesecloth


Collecting bottles


Cellucotton or envelopes

For killing:


Small screw-top bottles


Ethyl acetate or carbon tetrachloride


Cotton

Cardboard or blotting paper

For preserving:


Mounting boxes


Cotton


Transparent cover (glass or acetate)


Insect pins


Cork pinning boards or insect spreading boards


Labels


70% alcohol


KAAD (optional)

Notes


1.
KAAD. KAAD mixture is used to kill insect larvae.


Kerosene
10 ml


Glacial acetic acid
20 ml


95% ethyl alcohol
70–100 ml


Dioxane
10 ml


Larvae should be ready to transfer to alcohol for storage in d to 4 hours. For soft-bodied larvae, such as maggots, the amount of kerosene should be reduced.

Exercise 14: 
The Echinoderms

Exercise 14A: Class Asteroidea—
The Sea Stars

Materials

Living sea stars (Asterias, Pisaster, and others) in 
seawater

Preserved (or anesthetized) sea stars for dissection

Dishes for live material

Fresh or frozen seafood for feeding sea stars

Carmine suspension

Pieces of dried sea star tests

Camel-hair brushes

Dissecting pans and tools

Dissecting microscopes or hand lenses

Notes


1.
Sea star demonstrations. Several different types of dried sea stars placed on demonstration will serve to emphasize diversity and adaptive radiation within the group, all variations on the basic pentamerous body plan. Some species have numerous rays, basically multiples of five, although above 10 rays a sea star’s arithmetic is not perfect and one finds stars with 17 or 32 rays, for example. Point out that many sea stars are large and quite colorful, especially those of the West Coast, in contrast to most Atlantic Coast species which tend toward more muted colors. If available, a sea star with one or more stumpy rays illustrates the capacity to regenerate lost limbs.


2.
Microslides of asteroid larval forms. Microslides of bipinnaria and brachiolaria larvae and of pedicellariae that may be used for microscope demonstrations are available from biological supply companies. See Appendix B for listing of suppliers of prepared microslides.


3.
Using living sea stars for external structure. Observations of the aboral and oral surfaces can be accomplished to advantage on living sea stars. Place the sea star in a large culture dish or refrigerator dish, cover with seawater and examine with a dissecting microscope. We use a wooden support bridge to support the dish on the stage of standard dissecting microscopes.


4.
Demonstrating ampullar action with living sea stars. If living sea stars are available, cut off the arm of a partly anesthetized animal (see note 5 that follows) and remove the dorsal surface. The disembodied arm will continue to move around in a dish of seawater for a long time, and students can see the action of the exposed ampulla. This provides a captivating demonstration that is well worth the mutilation of one animal. Further, if the sea star is large enough to have mature gonads, a smear of testis or ovary will reveal mature or developing sperm or eggs. Sea star spermatozoa have relatively large heads and long tails.


5.
Anesthetizing living sea stars for dissection. Few schools are blessed with an easy supply of living sea stars, but for those that are, living material is obviously to be preferred to preserved. Sea stars must be anesthetized before dissection, using MgCl2 or MgSO4 dissolved in fresh water at a concentration of about 7%. We find it requires 40 to 60 minutes for full anesthetization. Sea stars will recover if returned to seawater. The exercise requires only slight modification for use with living material.


6.
Demonstrating action of podia. Another effective demonstration of podia is provided by fastening a living sea star, oral side up, on a piece of plate glass by means of rubber bands. Lay a small piece of celluloid or thick polyethylene film on top of the tube feet and have the students note the action of the tube feet and the direction the tube feet move.


7.
Demonstrating the action of coelomic cells. Inject into the coelom of a live star 5 ml of carmine suspension in seawater. Set the animal aside for about 8 hours; then examine under a dissecting microscope for the appearance of circulating particles in the skin gills. Pinch off some of the gills and examine under a compound microscope. Some of the carmine particles will have been picked up by phagocytic cells of the coelom, and these may be seen migrating through the thin walls of the gills. Such cells appear to have an excretory function. Examine drops of the coelomic fluid for the presence of other coelomic cells.


8.
Preparing echinoderm ossicles and pedicellariae for demonstration. Put leftover skeletal parts (even whole specimens) into 5% to 10% potassium hydroxide solution, or into full-strength commercial bleach. Warm over a Bunsen burner or boiling water to dissolve away the flesh. Let stand several hours; then decant carefully. Add fresh water, let stand again, and decant. The very tiny skeletal fragments settle slowly. Repeat until free of potassium hydroxide and debris. Cover with alcohol and again wash and decant, using two or three changes of alcohol. Now add 90% alcohol, shake, and put a drop on a clean slide. Quickly ignite the alcohol with a match. Add a drop or two of mounting medium and cover.

Exercise 14B: Class Ophiuroidea—
The Brittle Stars

Materials

Preserved brittle stars

Dissecting microscopes

Living brittle stars, if available

Fresh seafood for feeding, if living forms are used

Notes


1.
Observations on locomotion of living brittle stars. This is best done in an aquarium or tray large enough to allow free movement and containing enough seawater to enable the animal to right itself when turned over. Feeding is unpredictable. Some brittle stars will burrow if placed on a sandy substrate.


2.
Demonstrating brittle stars. Dried brittle stars seldom survive student handling; plastic embedded specimens are available. A dried basket star makes an interesting comparison with “conventional” brittle stars for demonstration. Basket stars (e.g., Gorgonocephalus sp. of the North Pacific) with their highly branched arms and tendril-like tips belong to a separate order (Phrynophiurida) separate from that containing most other brittle stars (Ophiurida).


3.
How to visualize the vertebrae and vertebral articulations. Place a brittle star arm in commercial bleach for several hours, then examine with the dissecting microscope.

Exercise 14C: Class Echinoidea—
The Sea Urchin

Materials

Living sea urchins in seawater

Preserved sea urchins

Dried or preserved sand dollars and/or sea biscuits

Dried tests of sea urchins

Glass plates

Large finger bowls

Carmine suspension

Dissecting pans and tools

Notes


1.
Demonstrations. Provide dried or plastic embedded echinoides such as sand dollars (or key-hole urchin), sea biscuits, heart urchins, and various examples of sea urchins; preserved and/or dried Aristotle’s lantern; microslides of sea urchin pedicellariae and pluteus larvae.


2.
Preparing the internal organs of the sea urchin for study. Submerge only the aboral half of the animal in 2% nitric acid for 24 to 48 hours. Then transfer to and submerge in water; cut a circle outside the periproct and extend the cuts through the ambulacral areas to the equator. The untreated portion of the test will hold the animal together for study.


3.
Preparing dried tests. Submerge the animals in fresh commercial bleach (sodium hypochlorite). Complete removal of organic matter with a toothbrush.


4.
A study of living sand dollars. If live sand dollars, such as the East Coast Mellita, the Caribbean Leodia, or the West Coast Dendraster, are available, they should be kept in sandy-bottomed containers. Place one in a bowl of seawater and examine with a hand lens or long-arm dissecting microscope. Have the students examine the spines on the aboral surface. Are they movable? Note the petal-shaped ambulacra; they are called petaloids. The podia are adapted for gas exchange rather than locomotion. Look at the flattened oral surface. Are the spines movable? How do they differ from those of Arbacia? Note the central mouth and the five-toothed chewing apparatus. Return the animal to the sandy bottom and observe how it burrows under the sand, using its oral spines to move the sand. Sand dollars feed on minute organic particles from the sand. They are passed back by tiny club-shaped aboral spines, caught in mucus, and carried by ciliary currents to food grooves on the oral side that lead to the mouth.

Exercise 14D: Class Holothuroidea—The Sea Cucumber

Materials

Living sea cucumbers in aquarium or in bowls of 
seawater

Preserved or relaxed sea cucumbers for dissection

Prepared slides of holothurian ossicles

Notes


1.
How to relax sea cucumbers for dissection. Inject the living animals with 5 to 10 ml of 10% magnesium chloride an hour or so before use. Tentacles then may be gently forced out the anterior end.


2.
How to see sea cucumbers eviscerate themselves. While sea cucumbers are famous for their radical evisceration, this is not readily accomplished merely by handling the animal roughly—at least not with Thyone. W. M. Reid (in Brown, op. cit. below) suggests placing the animal for about a minute in 0.1% ammonium hydroxide made up in seawater. “Violent circular muscular contractions usually occur. If these movements do not begin spontaneously, hold the animal up by the posterior end for a few seconds. The entire anterior end of the animal with tentacles, calcareous ring, and the digestive system is violently expelled.” This works. These structures will regenerate in 2 to 3 weeks, but the regenerated animal is much smaller than before. According to Pierce and Maugel (1987) Thyone can be made to eviscerate by injecting potassium chloride into the coelomic fluid.


3.
Demonstrations. Appropriate demonstrations to accompany this exercise include microslides of sea cucumber ossicles and holothurian larval forms (e.g., auricularia and doliolaria larvae).


4.
How to prepare holothurian ossicles for study. Holothuroid taxonomy is based in large part on the structure of ossicles in the body wall. These consist of microscopic discs, rods, buttons, and “tables,” many of intricate form. They make a fascinating demonstration for students when prepared as permanent slides. Ossicles are destroyed by formalin, so they must be prepared from alcohol-preserved sea cucumbers. To prepare the ossicles for examination, cut a small piece from the body wall, place it in a small test tube, and add a few ml of Clorox. Let stand until all the flesh has dissolved (an hour or two), leaving a sediment of whitish particles on the bottom. Pour off the supernatant fluid carefully and add clean water. Allow to settle, decant the water carefully (or use a Pasteur pipette) and resuspend in a few ml of alcohol. Again allow to settle, then pipette some of the sediment onto a slide. Allow to dry. Add a drop of mounting medium to the dried sediment and add a coverslip. The same method can be used for the ossicles and pedicellariae of other echinoderms.

Exercise 14E: Class Crinoidea—
The Feather Stars and Sea Lilies

Materials

Antedon—preserved or plastic mounted

Exercise 15: Phylum Chordata: A Deuterostome Group

Exercise 15A: Subphylum Urochordata—Ciona, an Ascidian

Materials

Living (or preserved) Ciona, Molgula, Corella, other small, translucent ascidian

Whole mounts of ascidian larvae

Carmine suspension in seawater

Finger bowls

Compound and dissecting microscopes

Notes


1.
Ciona intestinalis has been the subject of several excellent morphological studies (see especially Miller, 1953; and Roule, 1884), so its anatomy is well understood. Goodbody (1974) should be consulted for ascidian physiology. The cosmopolitan Ciona intestinalis is probably the only species of the genus. The description in our exercise is largely “generic” in that it will serve to describe genera other than Ciona.


2.
Whole mounts of ascidian tadpole larvae are available from Carolina Biological, cat. BA30-8260. The specimen used for the preparation of Figure 15-4 came from the series in Carolina’s stock as of late 1989; they were far superior in quality to tadpole larvae that we sampled from other suppliers of microslides.


3.
Demonstrations. Place on demonstration a variety of tunicates, both single and colonial (available from biological supply companies), and microslides of various stages of metamorphosis of the ascidian tadpole. Good slides are difficult to find; you may have to order samples from several different suppliers to get satisfaction.


4.
Living tunicates. Both solitary and colonial tunicates are available from marine suppliers. With transparent forms such as Ciona intestinalis or different species of Clavelina, the branchial sac can be viewed directly through the test.


5.
Behavioral observations. Those suggested in the exercise are described in more detail by L. H. Kleinholz (in Brown, F. A., Jr., p. 554). The so-called crossed reflex is involved in coughing. If the inside of the siphon is tickled, the normal response is to close the other siphon and then contract the body. This would force out the source of an irritation (see Goodbody, 1974, p. 99). Sensory cells in Ciona have not been precisely identified but appear to be concentrated in the siphons.


6.
Methods for collecting and fertilizing eggs for observing the development of the tadpole larva. These are described by Costello, et al., 1957. It involves slitting open the test of living Molgula or Ciona and extending the animal by cutting the superficial muscles. With a Pasteur pipette remove eggs from the oviduct (eggs are peach-colored when mature) to a watch glass of seawater. Put through several changes of seawater. From another individual remove sperm from the sperm duct and make a suspension of the sperm in seawater. Add a drop or two of sperm suspension to the eggs to impart a milky appearance, and let stand for 15 minutes. Now wash away the sperm. The tadpole larvae develop in about 24 hours. See the Costello paper for more details.


7.
Collecting eggs from colonial tunicates. Brooding colonial tunicates usually release their larvae at dawn. In the laboratory, healthy specimens of Amaroucium or Botryllus may be kept overnight in a dark room or dark container and exposed to the light 15 to 20 minutes before needed, at which time swarms of larvae should appear. Locate with a dissecting microscope.


Or, squeeze a portion of a colony over a container of seawater in order to force out the eggs and larvae. Locate live larvae with a dissecting microscope and transfer to clean seawater.


Ciona is oviparous, and eggs and sperm are discharged into the sea where fertilization occurs. According to early studies, eggs and sperm are discharged about 90 minutes before sunrise. The tadpole larva hatches about 25 hours after fertilization and settles to attach after 6 to 36 hours of free life.

Exercise 15B: Subphylum Cephalochordata—Amphioxus

Materials

Preserved mature amphioxus

Slides


Stained and cleared whole mounts of immature amphioxus


Stained cross sections of amphioxus

Watch glasses

Microscopes

Notes


1.
Branchiostoma virginiae is the common species of amphioxus along the southeastern coast of the United States. This is the species usually supplied as preserved and mounted material. Branchiostoma californiense occurs along the Pacific Coast from San Diego southward. Most detailed anatomical and physiological studies have been made on Branchiostoma lanceolatum, the European species. Asymmetron, the only other genus of cephalochordate, is so named because the gonads exist on the right side only.


Note that adult preserved specimens of amphioxus usually have blocks of gonads visible through the body wall. However, the juveniles that are usually chosen for whole mounts because of their smaller size, lack gonads.

Exercise 16: The Fishes—
Lampreys, Sharks, 
and Bony Fishes

Exercise 16A: Class Cephalaspidomorphi (5 Petromyzontes)—The Lampreys (Ammocoete Larva and Adult)

Materials

Preserved material


Ammocoetes (lamprey) larvae


Adult lamprey specimens


Longitudinal and transverse sections of lampreys

Watch glasses

Slides


Stained whole mounts of ammocoetes


Cross sections of ammocoetes

Compound and dissecting microscopes

Notes


1.
Life-history set of a lamprey. Ward’s Natural Science Establishment offers a plastic-embedded life-history sequence of Petromyzon (eggs, several developmental stages, and section through head of the adult). Carolina offers embedded ammocoetes.


2.
Preparation of transverse sections of adult lampreys (or other large animal). Freeze the preserved and injected animal, then cut into 5-cm transverse sections with a sharp hacksaw. Clean the sections carefully and secure the viscera in place with insect pins. Place each section in a container of slightly larger diameter than the section, and cover with a melted 2.5% solution of agar, being careful while the solution is still warm to place the organs properly and to expel trapped air bubbles. When they have cooled, cut away excess agar from the surface. These preparations can be stored in a formaldehyde solution for long periods. Longitudinal sections can be made by the same method.

Exercise 16B: Class Chondrichthyes—The Cartilaginous Fishes

Materials

Preserved dogfish sharks


or

Longitudinal and transverse sections of the shark

Exercise 16C: The Osteichthyes—
Bony Fishes

Materials

Preserved, injected perch (other species of teleosts may be substituted)

Living fishes, any kind, in aquarium

Stained slides of fish blood

Mounted fish skeletons and skeletons of other 
vertebrates

Longitudinal and cross sections of preserved perch

Notes


1.
Watching living fishes. An aquarium containing living fish should be made available for observation of swimming and respiratory movements.


2.
Demonstrating diversity within the bony 
fishes. Diversity, especially within the teleosts, can be illustrated by putting on display a variety of preserved specimens.


3.
Demonstration of fish scales and chromatophores. To demonstrate fish scales and the 
chromatophores overlying them, remove with fine forceps a few scales from a living fish (e.g., goldfish, minnow, or perch). The fish does not have to be anesthetized, although this can be done easily by immersing the fish in tricaine methanesulfonate (MS-222), 0.2 to 0.05 g/liter (there is a wide latitude of permissible dosage). Mount the scales in a drop of water on a slide under a 
coverslip and observe under low power. Note the different types of chromatophores and the amount of pigment dispersal.


If desired, the effect of drugs or hormones on the chromatophores can be studied by adding a drop of the drug or hormone to the water on the slide. Any of the following can be used: epinephrine (1 mg/ml), acetylcholine (100 mg/ml), melatonin (0.5 mg/ml), or pituitary extract (1 g beef pituitary powder [whole gland] shaken up in 
10 ml of frog Ringer’s solution and filtered after letting stand 30 minutes).

Experimenting in Zoology: 
Analysis of the Multiple Hemoglobin System in Carassius auratus, the Common Goldfish

Materials

Goldfish

0.9% saline

1.5 ml microcentrifuge tubes

1 ml syringes with 26-gauge needles

Powdered heparin

Microcentrifuge

Ice buckets

10 cm 3 10 cm 8% native polyacrylamide gels (Novex)

23 polyacrylamide gel loading buffer

Tris-glycine running buffer

Low-voltage power supplies

20, 200, and 1000 ml micropipets and disposable tips

Notes


1.
Animals: Carassius auratus. The common goldfish may be purchased at any local aquarium supplier for modest cost. Animals in the 10 to 20 g size are recommended; however, very little blood is needed, so small animals will suffice. It is recommended that animals be treated in accordance with institutional and governmental guidelines for the humane care and treatment of laboratory animals for teaching and research.


Anesthetized animals should be dispatched by medullary transection and 1 ml of blood removed from the caudal vein or heart into a syringe that contains a small amount (about 1 mg) of heparin. Transfer the blood sample to a 1.5 ml 
microcentrifuge tube and centrifuge at 10,000 g for 5 minutes to pellet the red blood cells. Remove the serum and discard. Add 1.0 ml of 0.9% saline, resuspend the cells and repeat the centrifugation. Remove the saline wash and discard. Add 200 ml (about three to four volumes) of distilled water to the red blood cell pellet and resuspend. The cells should lyse in 1 to 2 minutes. Centrifuge the sample at 12,000 g for 5 minutes to pellet the cell ghosts. Transfer the clear red supernatant to a clean tube and place on ice.


Human hemoglobin may be collected from a finger prick using a sterile lancet after cleansing the fingertip with a 70% alcohol swab. Collect about 1 ml of blood into a syringe containing a small amount (about 1 mg) heparin. (A needle is not necessary for this collection.) Prepare the hemoglobin lysate as described for the goldfish hemoglobin.


2.
Sample preparation. For each sample, mix equal volumes of the hemoglobin lysate with poly-
acrylamide 23 gel loading buffer (100 mM Tris, pH 8.3, 10% glycerol, 0.0025% bromophenol blue) (available from Novex, see below). Load 20 ml samples onto the gel using a micropipet.


3.
Vertical polyacrylamide gel electrophoresis of hemoglobin. Necessary equipment includes a mini–vertical gel electrophoresis apparatus appropriate for running 10 cm 3 10 cm polyacrylamide gels and a low-voltage power supply. Hemoglobin isoforms may be separated on an 8% native Tris glycine polyacrylamide gel. These gels may be purchased for less than $10.00 each from Novex Experimental Technology (Novex, 11040 Roselle Street, San Diego, CA 92121; (800) 456-6839; http://www.novex.com). The 1 mm thick, 10 well comb format is appropriate for this application (Novex cat. # EC6015). The gel is electrophoresed in 1X Tris glycine running buffer (25 mM Tris, 
192 mM glycine pH 8.3) for approximately 30 to 60 minutes. Running buffer stocks (103) and sample buffer (23) may also be purchased from Novex (cat. # LC2672 and LC2673).

Exercise 17: Class Amphibia—The Frog

Exercise 17A: Behavior and Adaptations
Materials

Living frogs

Jars or bowls

Aquarium

Pond or dechlorinated water

Paper toweling

Fruit flies (for feeding frogs)

Notes


1.
The “animal rights” question. It may happen at this point in the zoology laboratory that one or more students will object to dissecting preserved frogs, perhaps asking, do we have the right to use vertebrate animals in research? How can it be justified? The issue is addressed in a statement following the General Instructions of this manual (p. xiii), but the objection may still arise. We can respond by asking whether a snake has the right to eat the frog, or whether the frog has the right to eat an insect. Just as the snake eats the frog to survive, humankind uses animals not only as food for survival, but we also apply our abilities through biomedical research with animals to learn ways to minimize human pain, disease, and suffering—and to benefit other animals. It does not hurt to emphasize how we have all benefited from biomedical research on animals. Examples are listed in the statement on p. xv.


The matter is a touchy one because there have been several cases in which high school students have sued their schools over animal dissection requirements, and at least one university case (see Science, 18 May 1990, p. 811). Yet the direct dissection of vertebrate animals is the only way that one can understand vertebrate anatomy, and most biologists believe that such an understanding is essential for anyone oriented toward a career in animal biology or medicine. Direct examination of the organ systems of animals cannot be matched by any other approach. Computer simulation programs are not appropriate substitutes for direct dissection, despite claims to the contrary. To learn morphology from computer simulations would be rather like attempting to learn to play a musical instrument by watching videotapes of others playing the instrument. For more background on the animal rights issue, we suggest the books listed on the web site. We especially recommend Pringle’s book and the report of the Commission on Life Sciences, Committee on the Use of Laboratory Animals in Biomedical and Behavioral Research. As one of the committee members states, this report is the nearest thing we have to a national consensus and statement of policy on the animal use issue.


How does one deal with the occasional student who refuses to dissect? Try to find some alternative means for the student to learn the material, with as little fuss as possible. Perhaps the student will accept the option of observing while a partner does the dissection. If not, assign a library project that requires researching some aspect of vertebrate adaptations. Stress that such a project is an alternative to dissection and not a penalty for refusing to dissect.


2.
This exercise may be supplemented by providing demonstrations of living specimens of frogs, toads, and salamanders common to your area.

Exercise 17B: The Skeleton

Materials

Frog and other vertebrate skeletons

Individual vertebrae

Frog skulls

Notes


1.
The exercise may be supplemented by placing on display the skeletons of other vertebrates for comparison with the frog skeleton.


2.
Skeletons of embryos and small vertebrates may be stained in situ by the following method. First, fix small specimens (skinned small frogs are excellent) in 95% alcohol for 2 to 4 days. Then place them in 2% potassium hydroxide solution until the bones are visible through the tissue. Check frequently to make sure that the specimens are not macerated. Now, transfer them to the following solution for 24 hours: 1 part of alizarin to 10,000 parts of 2% potassium hydroxide. Allow the stain to act until the desired intensity is obtained. It may take longer than 24 hours. Finally, clear the specimens in increasing concentrations of glycerin (10% to 50%). Excessively stained bones may be destained with 1% sulfuric acid made up in 95% alcohol.

Exercise 17C: The Skeletal Muscles

Materials

Preserved frogs

Dissecting pans

Dissecting tools

Exercise 17D: The Digestive, Respiratory, and Urogenital Systems

Materials

Preserved frogs

Prepared slides


Frog kidney


Frog testis


Frog ovary


Sperm smears

Notes

The following projects and demonstrations are appropriate supplements to this exercise.


1.
Cross sections of the frog body. Cross sections should be made after the frog has been thoroughly frozen at a low temperature. Sections are easily cut with a hacksaw and completed according to directions given in the notes to Exercise 16A. Revealing relations of organs may be seen from sections made at the level of (a) a region a short distance anterior to the hind legs and (b) a region just posterior to the forelegs.


2.
Study of cross sections of the intestine. Compare slides of the cross section of the human intestine with that of the frog.


3.
Peristalsis in the frog. Pith the brain of a frog that has been fed an hour or two previously. Open the abdominal cavity and flood with warm 0.6% saline solution. Peristalsis should be observed. The students should understand what type of muscle is involved (smooth muscle) and what directions the fibers run.


Tie a thread tightly around the pyloric end of the stomach. Open the stomach near the cardiac end and with a pipette introduce physiological salt solution into the lumen. Close the opening with a second ligature; then cut out the stomach. Suspend the stomach by the pyloric end in Ringer’s solution. Observe the wavelike peristaltic movement passing over the stomach. Record the rate per minute.

Exercise 17E: The Circulatory System

Materials

Injected preserved frogs

Living frogs

Frog Ringer’s solution

Frog holders

Ice

Pins

Paper towels

Masking tape

Notes


1.
A demonstration of the beating frog’s heart, arranged to record on a chart recorder or smoked kymograph drum, can also be used to demonstrate the effects of temperature and of adrenaline and acetylcholine. The procedures are well understood by most instructors and will not be repeated here. An even simpler procedure is to demonstrate the durability of the isolated frog heart submerged in a dish of Ringer’s physiological saline. The saline must be well aerated. Adrenaline and acetylcholine may be added in concentrations of about 1/10,000. Flush with Ringer’s between each test.


2.
Capillary bed. If a latex-injected frog is available, remove a piece of the skin for examination under the dissection microscope or low power of the compound microscope. The capillary bed should show up well.

Exercise 18: Class Reptilia

Exercise 18: The Painted Turtle

Materials

Turtle skeleton

Living painted turtles, or other species

Preserved turtles

Notes


1.
Why turtles? Turtles have long been chosen over lizards and snakes for comparative anatomy for several good reasons: they are large and the organs easily observed (once the plastron is removed); the skeleton is stoutly built and re-
sistant to the abuses of student handling; they provide an interesting transition to birds, covered in the next chapter (turtles are “birds in shells” in that the two groups share, among other things, a highly flexible neck on a fused body frame, toothless beak, and good vision); they are 
inexpensive; they represent a highly successful body plan, clumsy as they may appear; and 
students find them interesting and do not harbor any unreasonable fear of the creatures (as many do of snakes).


2.
How much time? This exercise will require 2 to 3 hours to complete in its entirety, but instructors may choose to limit the exercise to a 1-hour study of external structure and skeleton.


3.
Singly injected turtles are not required for this exercise, although having one or more available for the class will be helpful for visualizing the circulation.


4.
Exposing the viscera for dissection is a cumbersome procedure using a bone saw and bone shears, and turtles should be prepared for the students before class. The bridge is partly sawed through with a bone saw and the break completed with bone cutting forceps (both instruments available from biological supply companies). Miniature saw blades that can be chucked in an electric drill are available (but difficult to find) and will vastly ease cutting through the bony bridge between the plastron and carapace. Singly injected turtles have had the plastron removed.
Exercise 19: Class Aves

Exercise 19: The Pigeon

Materials

Flight feathers

Other feather types as available for display

Pigeon skeleton

Preserved pigeons, plain

Preserved pigeons, air-sac injected (optional, for demonstration)

Notes


1.
Allow about 21/2 hours for this exercise if internal structure is reviewed as well as feathers and skeleton. A study of skeleton alone will reveal many of the adaptations for flight.


2.
Pigeon internal anatomy can be covered by using prepared specimens or models available from biological supply houses, rather than having students dissect preserved specimens. Ward’s offers a “Bio-Mount” (67W 6833) of triple-injected and dissected pigeons (mounted on a plate and sealed in a museum jar). Models of chicken 
internal anatomy are also available from biological suppliers (although expensive).

Exercise 20: Class Mammalia—The Fetal Pig

Exercise 20: Study of Fetal Pig

Materials

Fetal pigs, embalmed and double injected, in plastic bags

Cat or dog skeletons

Dissecting pans and cord

Kidneys, pig or sheep, fresh or preserved (optional)

Hearts, pig or sheep, fresh or preserved

Brains, sheep, preserved

Prepared slides (optional)


Intestine, mammalian, cross section


Stomach and/or esophagus, cross sections


Kidney tissue, mammalian


Seminiferous tubules, cross sections

Notes


1.
Source of fetal pigs. Although it is stated in the exercise, remind concerned students that fetal pigs are taken from the uteri of sows that have been slaughtered for market. Fetal pigs are commonly used in zoology laboratories because they are one of the by-products of the meat packing industry. Consequently they are inexpensive and serve as substitutes for other animals that would have to be killed to supply preserved material for dissection.

Exercise 20A: The Skeleton

Materials

Skeletons, cat or dog, and human

Sections of bones (if possible, a fresh joint)

Other vertebrate skeletons

Notes


1.
Demonstrations appropriate to this exercise include: (a) a fresh joint cut in longitudinal section with a bandsaw; (b) a long bone cut in longitudinal section; (c) a piece of skull or face bone available for examination of membrane bone; 
(d) skeletons of other vertebrates.

Exercise 20B: The Muscular System

Materials

Fetal pig, embalmed

Notes


1.
Use the largest available fetal pigs for this exercise; this facilitates muscle separation, never easy on a fetal pig. The muscle boundaries become more evident once the cutaneous muscle is removed. Sometimes it helps to use dry paper towel to rub off the cutaneous muscle—but caution the energetic student not to rub through the underlying musculature as well.


2.
Muscle names make more sense to the students if you take a few minutes to explain what some of them mean. Refer also to Exercise 17C, where several of the Greek and Latin roots to common muscle names are explained.


3.
Previous users of this exercise will note that it has been extensively revised and reillustrated. The text has been rewritten to better lead the student through the dissection; distal musculature of the limbs has been omitted; and mention of origin, insertion, and action has been placed in tabular form (Tables 20-1 and 20-2) so that the descriptive text is not burdened with information that many instructors will not require their students to learn.

Exercise 20C: The Digestive System

Materials

Fetal pigs, embalmed

Prepared slides


Human intestine, cross section

Frog intestine, cross section


Mammalian liver


Mammalian pancreas

Notes


1.
Demonstration of peristaltic movement. About 30 to 45 minutes after a rat has finished feeding, anesthetize it in an ether jar, open the abdominal cavity, and submerge the contents in warm physiological saline solution. Note the peristaltic movement of the intestinal tract.


2.
Demonstration of the ruminant stomach. The ruminants are cud-chewing animals (cattle, deer, camels, and their kin). All are members of the order Artiodactyla, although not all Artiodactyla are ruminants (the pig, for example). If a ruminant stomach can be obtained, preferably fresh, it makes a fascinating demonstration. Food swallowed after brief mastication and generous addition of saliva, passes to the rumen for preliminary fermentation by a specialized microflora. Formed into small balls of cud, it is returned to the mouth for further mastication. Further fermentation follows in the rumen. When broken down to a pulp it is passed to the reticulum, the second chamber with its honeycombed epithelium, where fermentation continues. The pulp next passes to the omasum where water, soluble food, and microbial products are absorbed. Finally the smallest products pass to the abomasum where proteo-lytic enzymes are added and normal digestion occurs in an acid environment.


3.
Demonstration slides: cross sections of mammalian esophagus, stomach, intestine, salivary glands, pancreas, and liver.

Exercise 20D: The Urogenital System

Materials

Fetal pigs

Pregnant pig (or dog or cat) uteri for dissection or demonstration

Preserved sheep kidneys (optional)

Exercise 20E: The Circulatory System

Materials

Fetal pigs

Pig or sheep hearts, fresh or preserved

Notes


1.
Microscope demonstrations. These might include prepared slides of mammalian blood, and of cross sections of artery and vein.


2.
The beef heart as a demonstration. One reviewer of this exercise tells us that the fresh beef heart makes an excellent demonstration of heart valves. It is also possible to see the fossa ovalis and the ligamentum arteriosum (of the ductus arteriosus) with the beef heart.


3.
Demonstration of the action of heart valves. If you are in the fortunate position of being able to procure a fresh sheep’s heart with the roots of the great vessels uncut, the following makes a fine demonstration of valve action. Tie glass tubes in the aorta, the pulmonary artery, and the veins of the atria. Suspend the heart by clamping the glass tube tied in the aorta to a stand. Water poured into the atria will rise through the pulmonary artery and aorta. By means of a long pipette or tubing inserted through the veins of the atria, remove some of the water from the ventricles. The water will still remain at the same height in the aorta and pulmonary arteries because of the action of the semilunar valves. Empty the heart of water. With a long pipette shoved down the aorta, place some water in the left ventricle. When the left ventricle is filled, the mitral valve prevents the water from entering the left atrium, and it will now rise up through the aorta.

Exercise 20F: The Nervous System

Materials

Fetal pigs

Preserved sheep brains

Notes


1.
Of several different approaches to the study of the nervous system of the fetal pig, we believe this approach best introduces the student to the elements of both the peripheral and autonomic nervous system, and external morphology of the brain. The peripheral nerves described are easily exposed (most of them will already have been revealed). Especially valuable to the student is finding the sympathetic chain of the autonomic nervous system and the major sympathetic ganglia; discovering this chain will help clarify the relationship of the ANS to the PNS.


2.
Demonstrations might include models of the mammalian eye and ear, and fresh or preserved eyes for dissection.
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